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Eukaryotic cell membranes are organized into functional
lipid and protein domains, the most widely studied being
membrane rafts. Although rafts have been associated with
numerous plasma membrane functions, the mechanisms by
which these domains themselves are regulated remain undefined. Bile acids (BAs), whose primary function is the solubilization of dietary lipids for digestion and absorption, can affect
cells by interacting directly with membranes. To investigate
whether these interactions affected domain organization in biological membranes, we assayed the effects of BAs on biomimetic
synthetic liposomes, isolated plasma membranes, and live cells.
At cytotoxic concentrations, BAs dissolved synthetic and cellderived membranes and disrupted live cell plasma membranes,
implicating plasma membrane damage as the mechanism for BA
cellular toxicity. At subtoxic concentrations, BAs dramatically
stabilized domain separation in Giant Plasma Membrane Vesicles without affecting protein partitioning between coexisting
domains. Domain stabilization was the result of BA binding to
and disordering the nonraft domain, thus promoting separation
by enhancing domain immiscibility. Consistent with the physical changes observed in synthetic and isolated biological
membranes, BAs reorganized intact cell membranes, as evaluated by the spatial distribution of membrane-anchored Ras
isoforms. Nanoclustering of K-Ras, related to nonraft membrane domains, was enhanced in intact plasma membranes,
whereas the organization of H-Ras was unaffected. BA-induced
changes in Ras lateral segregation potentiated EGF-induced signaling through MAPK, confirming the ability of BAs to influence cell signal transduction by altering the physical properties
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of the plasma membrane. These observations suggest general,
membrane-mediated mechanisms by which biological amphiphiles
can produce their cellular effects.

Bile acids are synthesized from cholesterol in the liver, stored
in the gallbladder, and secreted into the small intestines as a
component of enterohepatic circulation. A hallmark characteristic of bile acids is their amphiphilicity, which determines their detergent properties and affinity for dietary lipids, facilitating intestinal absorption of these lipids in the form
of mixed micelles (1– 6). Because of this detergent effect, high
concentrations of bile acids have been used extensively as membrane lysis agents in molecular cell biology. At sublytic doses,
bile acids have been shown to influence cell signaling by specifically interacting both with nuclear receptors (7) and cell
surface transporters (8). However, the fact that these biological amphiphiles interact strongly with lipids led us to the
hypothesis that bile acids can influence signaling elements on
the cell surface by partitioning directly into the plasma membrane and altering its microenvironment.
Recent advancements in the understanding of plasma
membrane heterogeneity suggest that the plasma membrane
microenvironment directly and dynamically regulates cell signal transduction (9 –11). Membrane proteins interact with lipids and the actin cytoskeleton to form signaling domains on the
plasma membrane, the composition and integrity of which can
regulate membrane protein organization and function (10,
12–15). A subset of these domains, the lipid rafts, is driven by
lipid immiscibility in the plane of the bilayer (16 –18). The physicochemical principle behind this immiscibility is the preferential interactions between certain lipid species: cholesterol,
sphingolipids, and fully saturated phospholipids, whose chemistries and geometries allow efficient packing into relatively
ordered domains that exclude more bulky membrane components. These bulky lipids, such as branched and polyunsaturated lipids, form coexisting, relatively disordered domains
(19). This immiscibility gives rise to coexistence of two liquid
membrane phases in model bilayers (16, 18) and isolated bioVOLUME 288 • NUMBER 50 • DECEMBER 13, 2013
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Background: Bile acids (BAs) affect cellular membranes.
Results: BAs stabilize domains in plasma membranes, leading to reorganization of membrane proteins and signaling
perturbations.
Conclusion: BAs affect cell function by modulating the stability of plasma membrane nanodomains.
Significance: These results suggest mechanisms for regulation of functional membrane domains and nonreceptor-mediated BA
signaling.

Bile Acids Stabilize Membrane Domains
intestine in certain pathophysiological conditions. At subtoxic
(order of magnitude smaller than cmc) doses, BAs alter domain
properties in isolated plasma membranes and synthetic liposomes, reflected in a reorganization of intact cell plasma membranes quantified by Ras nanoclustering. These effects on the
organization of Ras lead to alterations in the efficiency of EGFstimulated MAPK signaling. Thus, bile acids alter cell surface
signaling activities by modulating the stability of lateral
domains and thereby changing distribution of lipids and proteins in the plasma membrane.

EXPERIMENTAL PROCEDURES
Chemicals, Reagents, Cell Culture, and Plasmids—All chemicals and bile acids were purchased from Sigma. FAST DiO and
FAST DiI were from Invitrogen; NBD-lithocholic acid, DOPC,
DPPC, POPC, and cholesterol were from Avanti Polar Lipids.
Plasmids for TfR-GFP, trLAT, and GPI-GFP were described
previously (28). C-Laurdan was synthesized (47) and generously shared by Dr. Bong Rae Cho.
Rat basophilic leukemia RBL-2H3 cells were cultured in
media containing 60% minimum Eagle’s medium, 30% RPMI
1640 medium, and 10% FBS supplemented with penicillin/
streptomycin (Invitrogen) and transfected using nucleofection
with reagents and protocol from Lonza. Wild-type BHK cells as
well as BHK cells stably expressing GFP-K-Ras.G12V or GFPH-Ras.G12V were cultured in DMEM containing 10% FBS. The
stable cell lines were described in previous studies (33).
Liposome Leakage Assay—The detailed calcein permeability
technique was described elsewhere (48). Briefly, ⬃6 mg of
monounsaturated DOPC dissolved in chloroform was purged
with nitrogen gas to evaporate chloroform and then exposed to
vacuum overnight to eliminate trace amount of chloroform.
The resulting lipid film was suspended in 2 ml of Tris containing 4.5 mM calcein. Subsequent vortexing and sonication for 10
min induced the formation of liposomes encapsulating high
concentrations of calcein. The suspension containing a mix of
calcein-containing liposomes and free calcein molecules was
passed through a Sephadex G-50 column to separate liposomes,
which elute in the void volume, from free calcein in the bulk
solution. The calcein-containing liposomes were exposed to
bile acid solutions dissolved in Tris for 30 min at 23 °C. Fluorescence intensity of calcein was measured (excitation, 472 nm;
emission, 516 nm). The maximal fluorescent intensity of calcein was obtained by adding ⬃0.5% Triton X-100 to completely
lyse all liposomes at the end of each experiment. The percentage of calcein leakage was calculated
% Leakage ⫽ 共Ft ⫺ Fo兲/共Fmax ⫺ Fo兲*100

3

The abbreviations used are: GPMV, giant plasma membrane vesicle; BA,
bile acid; BHK, baby hamster kidney; CA, cholic acid; cmc, critical micellar concentration; DCA, deoxycholic acid; DOPC, dioleoyl phosphatidylcholine; DOPE, dioleoyl phophatidylethanolamine; DPPC, dipalmitoyl
phosphatidylcholine; FLIM, fluorescence lifetime imaging microscopy;
GFP-tK/GFP-tH, GFP-tagged membrane-anchoring domain of K-Ras/HRas; GPI, glycophosphatidylinositol; LDH, lactate dyhydrogenase; NEM,
N-ethylmaleimide; PFA, paraformaldehyde; POPC, 1-palmitoyl-2-oleoyl-snglycero-3-phosphocholine; Tmisc, miscibility transition temperature;
TfR-GFP, transferrin receptor fused to green fluorescent protein; trLAT,
transmembrane domain of linker for activation of T cells fused to red
fluorescent protein.
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(Eq. 1)

where Ft is the fluorescent intensity of a liposome solution
exposed to bile acid solutions, Fo is the control fluorescent
intensity of a liposome solution before being exposed to bile
acid, and Fmax is the fluorescent intensity obtained after exposure to Triton X-100.
Lactate Dehydrogenase (LDH) Assay—Cells cultured to
85–90% confluence, washed with PBS buffer three times, and
incubated in serum-free medium containing various doses of
DCA or CA. After 3 h of bile acid treatment, the suspending
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logical membranes (20, 21), and these have been used as a
model for cholesterol-dependent domains in live cells (for
review, see Refs. 19, 22–26).
Phase separation into coexisting lipid-driven domains of
varying compositions and physical properties can be observed
in plasma membranes isolated from live cells, termed giant
plasma membrane vesicles (GPMVs)3 (21, 27). Conceptually,
the observation of two coexistent, lipid-driven, liquid phases in
a membrane that maintains the lipid and protein diversity of the
native plasma membrane provides a critical validation of the
raft hypothesis. Practically, the large size (up to 10 m), equilibrated nature, and microscopic phase separation of these vesicles allow examination of the properties and compositions of
raft domains by fluorescence microscopy, in isolation from the
confounding variables of live cells (20, 21, 27–31).
The stable, long lived microdomains in isolated membranes
are reflective of the nanoscale segregation of live cell membranes (10, 12, 32). Such nanoscale organization has been
observed by spectroscopy (33–35) and electron microscopy
(36, 37) as small (tens of nanometers), highly dynamic (lifetime
⬍1 s) proteolipid nanodomains, referred to as nanoclusters (12,
38). Like lipid rafts, these nanoclusters depend on lipids, including cholesterol, for their lateral segregation (37). These clusters
can be essential for the activity of proteins embedded
therein, e.g. the small GTPase Ras proteins only bind downstream effectors and propagate signal transduction from
nanoclusters (39 – 41).
Amphiphilic agents (e.g. nonsteroidal anti-inflammatory
drugs) have been shown to affect proteolipid nanoclustering in
cell membranes coincident with their reorganization of model
membranes consisting only of synthetic lipids (33, 42, 43). Bile
acids (BAs), as biological amphiphiles, can also intercalate into
lipid membranes and alter lipid distribution (44, 45). Further,
the signaling effects of bile acids correlate with their hydrophobicity and thus their membrane affinity (46). Therefore, BAs
have the potential to affect cell signaling by perturbing the organization of the plasma membrane, although there is no direct
evidence for such membrane-mediated effects of BAs on signaling components at the cell surface.
In this study, we have systematically examined the interaction between the unconjugated bile acids cholic and deoxycholic acid (CA and DCA, respectively) and biological/biomimetic membranes, from fully synthetic liposomes to live cell
plasma membranes. We observed solubilization of model and
natural membranes, correlating with cellular toxicity, at BA
concentrations near the critical micellar concentration (cmc),
which may approximate their levels in the lumen of the small

Bile Acids Stabilize Membrane Domains

35662 JOURNAL OF BIOLOGICAL CHEMISTRY

K-function was used to quantify the extent of nanoclustering of
gold particles (Equations 2 and 3),
K 共 r 兲 ⫽ An ⫺2

冘

i⫽j

L共r兲 ⫺ r ⫽

Wij1共储Xi ⫺ Xj储 ⱕ r兲

冑

K共r兲
⫺r


(Eq. 2)

(Eq. 3)

where K(r) is the univariate K function for number n of gold
particles in a selected area A; r is the radius of nanoclusters
set between the values of 1 and 240 nm at 1-nm increments);
储x储 is Euclidean distance; 1(x) is the indicator function
(expected to be 1.0 if 储xi ⫺ xj储 is ⱕ the radius and 0 if not); and
wij⫺1 is the fraction of the circumference of the circle with
center xi and radius 储xi ⫺ xj储 contained within the selected
area. K(r) is then normalized to L(r) ⫺ r on the 99% confidence interval estimated from Monte Carlo simulations. A
value of 0 for L(r) ⫺ r indicates complete spatial randomness
whereas values above the 99% confidence interval of 1.0 indicate statistically significant clustering. Bootstrap tests were
then used to evaluate for statistical differences between replicated treatment groups.
Fluorescence Lifetime Imaging Microscopy Combined with
Fluorescence Resonance Energy Transfer (FLIM-FRET)—Fluorescence lifetime-based FRET measurements hold a number of
advantages over intensity-based FRET measurements. Fluorescence lifetime is independent of experimental factors, such as
excitation source, detection gain, optical loss, and variation in
fluorophore concentrations. For these measurements, BHK
cells expressing GFP-tagged protein of interest alone or in combination with RFP-tagged cognate protein were treated with
various doses of DCA for 1 h and fixed with 4% PFA. Cells were
then imaged using a 60⫻ Plan-Apo/1.4 NA oil immersion lens
mounted on a Nikon Eclipse wide-field microscope and GFP
fluorescence lifetime was measured using a FLIM unit (Lambert Instrument, Roden, The Netherlands). GFP was excited
using a sinusoidally modulated 3-W 497-nm light-emitting
diode (LED) at 40 MHz under epifluorescence. Three individual experiments were conducted, and a total of ⬎ 60 cells were
imaged, and GFP fluorescence lifetime values of whole cells
were averaged, shown as mean ⫾ S.E., and statistics were evaluated using one-way analysis of variance.
Western Blotting—BHK cells were grown to ⬃80% confluence, serum-starved for 2 h, incubated in serum-free DMEM
containing various doses of DCA (0, 30, 50, 100, 200, and 300
M) for 1 h, then stimulated with 2.5 ng/ml EGF for 5 min
before being harvested. Whole cell lysates of 20 g were separated by SDS-PAGE and blotted against pMEK, pERK, and
pAkt. Intensity of the bands was imaged by a FluorChem Q
Multiimager and quantified by densitometry. Band intensities
were normalized to the average intensity of all measured conditions. Three independent experiments were conducted and
are presented as means ⫾ S.E.

RESULTS
Cell Injury and Membrane Disruption by Bile Acids—At concentrations above their cmc (DCA ⫽ 2–5 mM; CA ⬃ 11 mM
(52)), unconjugated bile acids are widely used as biological
VOLUME 288 • NUMBER 50 • DECEMBER 13, 2013
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medium was collected, and the level of a cytosolic enzyme,
LDH, was measured using a LDH assay kit from Sigma-Aldrich,
according to the manufacturer’s instruction (49).
Giant Plasma Membrane Vesicle Labeling and Preparation—
GPMVs from live rat basophilic leukemia (RBL-2H3) cells were
isolated and imaged as described previously (18, 50). Briefly,
cells were washed in GPMV buffer (10 mM HEPES, 150 mM
NaCl, 2 mM CaCl2, pH 7.4) then incubated with GPMV buffer
supplemented with 25 mM paraformaldehyde (PFA) and 2 mM
dithiothreitol (DTT) (or 2 mM N-ethylmaleimide (NEM) alone)
and incubated for 1 h at 37 °C. Prior to isolation, cell membranes were labeled with 5 g/ml fluorescent disordered/nonraft phase marker FAST DiO for 10 min on ice. Vesicles were
imaged at 40⫻ on an inverted epifluorescence microscope
(Nikon) under temperature-controlled conditions using a
microscope stage equipped with a Peltier element (Warner
Instruments).
Quantification of Raft Phase Partitioning and Miscibility
Transition Temperatures—Raft partitioning coefficient and
miscibility transition temperature (Tmisc) were quantified as
described previously (20, 27, 28). Briefly, Kp,raft was defined as
the background-subtracted ratio of raft phase fluorescence to
nonraft fluorescence for any given fluorescent protein construct. The nonraft phase was identified by the highly disordered phase partitioning dyes FAST DiO (green) and FAST DiI
(red).
For Tmisc, phase separation was microscopically assessed for
⬎50 vesicles/temperature and the fraction of phase-separated
vesicles plotted against temperature was fit with a sigmoidal
curve (see Fig. 2B). The point of the curve representing 50%
phase separated vesicles was defined as Tmisc.
C-Laurdan Quantification of Membrane Order—C-Laurdan
spectroscopy of model membranes and microscopy of GPMVs
have been described (27, 50, 51). For spectroscopy, liposomes
were prepared by hydration of dried lipid films doped with 0.1
mol% C-Laurdan. The emission spectrum of these was measured from 400 to 550 nm after excitation at 385 nm. GP was
defined as the integrated fluorescence intensity from the
ordered channel (400 – 470 nm) minus that of the disordered
channel (480 –550 nm) normalized by the total intensity (sum
of the two channels). For order imaging, GPMVs were labeled
after isolation with 4 M C-Laurdan and imaged as described
above, except the fluorescent emission from C-Laurdan was
split into two channels representing the ordered and disordered
bands, which were then processed similarly to spectroscopic
data to yield GP (for details, see Ref. 50).
Immunoelectron Microscopy (EM)/Spatial Mapping-Univariate K-function—Immuno-EM was performed as described
in our previous studies (33, 37, 43). Briefly, intact cell plasma
membrane sheets of BHK cells expressing GFP-tagged protein
of interest were attached to copper EM grids, fixed with 4% PFA
and 0.1% glutaraldehyde, and labeled with anti-GFP antibodies
coupled to 4.5-nm gold particles. Images were acquired using a
JEOL JEM-1400 transmission EM at 100,000⫻ magnification.
ImageJ was used to select a 1-m2 area on a plasma membrane
sheet and to determine the x and y coordinates of gold particles
within the selected area. The statistical analysis of Ripley’s
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detergents for solubilization of cellular membranes. However, a
variety of cellular effects have been observed with bile acid
treatments well below the cmc (7, 44 – 46), and the mechanisms
of these have not been definitively attributed. Both CA and
DCA were cell injurious near their cmc, as evidenced by leakage
of the cytoplasmic enzyme LDH. DCA was more toxic than CA,
with maximal cell injury observed at ⬃1 mM compared with ⬃ 10
mM CA (Fig. 1A). To test the hypothesis that plasma membrane
disruption was the mechanism behind cell injury, we evaluated the
solubilizing effect of these bile acids on synthetic and natural
membranes. Synthetic liposomes composed of the unsaturated
phospholipid DOPC were loaded with calcein, a self-quenching
fluorophore that does not fluoresce at the high concentrations
encapsulated in liposomes. Membrane damage leads to release of
calcein molecules into the suspending buffer, relieving selfquenching and leading to an increase in fluorescence intensity. Bile
acid treatment increased calcein fluorescence intensity in a concentration-dependent manner (Fig. 1B), with effective concentrations similar to those inducing cell injury (Fig. 1A).
To confirm membrane disruption in a more realistic model
of biological membranes, intact plasma membranes were isolated as GPMVs from live cells and imaged after treatment with
bile acids. Transmission (Fig. 1C, left) and fluorescence (Fig. 1C,
right) images of untreated GPMVs show the expected spherical
morphology and approximate size distribution of this preparation (Fig. 1C, top). Bile acid treatment dramatically reduced the
number of visible GPMVs, with a near-maximum response at 1
mM DCA and 5 mM CA. The size of the vesicles remaining after
these treatments was also reduced.
Bile Acids Stabilize Phase Separation in GPMVs—Intriguingly, at subtoxic concentrations of bile acids (⬍0.6 mM for
DECEMBER 13, 2013 • VOLUME 288 • NUMBER 50

DCA), we observed a striking stabilization of phase separation
in GPMVs (Fig. 2). Phase separation into coexisting, fluid, raft/
nonraft domains in GPMVs was visualized by doping cell membranes with FAST DiO, a lipid fluorophore with high preference
for nonraft domains (50, 53), prior to GPMV isolation. Exemplary
images of vesicles demonstrating temperature-dependent phase
separation are shown in Fig. 2A. At the lowest temperature shown
(10 °C; Fig. 2A, left column) raft domains (those excluding the nonraft phase marker FAST DiO (50)) are clearly observable in all
vesicles. Domains are round, diffusive, and have fluctuating edges,
consistent with liquid-liquid phase separation. At higher temperatures (right column), untreated vesicles are uniformly fluorescent
with no evidence of microscopic domains.
The temperature dependence of phase separation is quantified by microscopically assessing the percentage of phase-separated vesicles as a function of temperature, as shown in Fig. 2B.
Sigmoidal curve fits to these data yield Tmisc, defined as the
temperature at which 50% of GPMVs are phase-separated (dotted horizontal line). Both BA treatments had a strong stabilizing
effect on phase separation, increasing Tmisc by up to 15 °C (Fig.
2C), with the effect being observed regardless of the chemical
agent used to isolate GPMVs (Fig. 2D). Again, as for cell toxicity
and vesicle disruption (Fig. 1), DCA was more effective than CA
by approximately an order of magnitude.
The domain-stabilizing effects induced by treating isolated GPMVs were qualitatively reproduced by treating live
cells with BAs prior to GPMVs isolation (Fig. 2E). The lower
magnitude of the effect in live cell treatment is unsurprising,
considering any number of potential cellular compensatory
mechanisms (e.g. membrane traffic, lipid synthesis, bile acid
efflux).
JOURNAL OF BIOLOGICAL CHEMISTRY
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FIGURE 1. Bile acid-induced cell injury correlates with plasma membrane vesicle dissolution. A, cell toxicity quantified by leakage of the cytoplasmic
enzyme LDH is sensitive to millimolar cholic and deoxycholic acid treatment. B, synthetic liposome leakage, measured by release of calcein, correlates with
cytotoxicity. C, phase contrast imaging (at room temperature) of isolated GPMVs shows that treatment of GPMVs with 1 mM DCA or 5 mM CA leads to
near-complete dissolution of membranes. Higher BA concentrations lead to no observable vesicles (insets show magnifications of representative areas). The
quantitative agreement between these results strongly suggests a mechanistic link between membrane disruption and cytotoxicity. All results are representative of at least three independent experiments.

Bile Acids Stabilize Membrane Domains

Effect of Stabilization of Raft Domain Separation on Protein
Partitioning—To determine whether domain stabilization
would affect protein affinity for the raft phase in GPMVs, we
measured the bile acid dependence of partitioning of three different fluorescent protein constructs, representing a lipid-anchored raft protein (GPI-GFP), a nonraft transmembrane
protein (TfR-GFP), and a transmembrane construct with
approximately equal affinity for both lipid phases (trLAT) (28).
Partitioning was quantified as described previously (28), as a
ratio of background-subtracted fluorescence intensity for the
protein of interest in the raft versus the nonraft phase, defined
as the raft partition coefficient (Kp,raft). The exemplary images
in Fig. 3A demonstrate partitioning of trLAT before and after
treatment of isolated GPMVs with DCA. Although a minor
reduction in relative raft phase fluorescence is observable in
both images and quantification in Fig. 3B, the effect was small
and not statistically significant (regardless of GPMV isolation
agent). The lack of significant differences in protein partitioning caused by DCA was consistent across all three protein constructs (Fig. 3B), suggesting that the stabilization of

35664 JOURNAL OF BIOLOGICAL CHEMISTRY

phase separation by bile acids did not dramatically affect
protein partitioning between the coexisting domains.
Bile Acid Stabilizes Raft Domain Separation by Disordering
the Disordered Phase—To investigate the mechanism behind the
domain-stabilizing effect of DCA in GPMVs, we measured the
effect of this bile acid on membrane order in natural and synthetic membranes. The order of synthetic liposomes, comprising a 1:1 molar mixture of cholesterol and DOPC, was quantified by measuring the fluorescence emission spectrum of the
order-sensitive fluorophore C-Laurdan (43, 47) (Fig. 4, A and
B). The ratio of red-shifted signal (centered at approximately
490 nm) and blue-shifted signal (⬃430 nm) yields a normalized
index of membrane order known as generalized polarization
(GP). DCA treatment had a highly disordering effect on the
one-phase liposomes, as evidenced by the progressive red shift
in the C-Laurdan emission curves (Fig. 4A) and reduction in
generalized polarization (Fig. 4B). Strikingly, the disordering
effect was not observed when liposomes designed to resemble
the raft-mimetic liquid-ordered phase (1:1 DPPC:cholesterol)
were treated with the same conditions (10 mM DCA treatments
VOLUME 288 • NUMBER 50 • DECEMBER 13, 2013
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FIGURE 2. Bile acids stabilize phase separation in GPMVs. A, exemplary fluorescent images of GPMVs (labeled with FAST DiO) at various temperatures
show that whereas phase separation in untreated vesicles is observable only below 15 °C, treatment with 1 mM CA increases phase separation
temperature to ⬃17 °C and 0.5 mM DCA above 20 °C. B, Tmisc is calculated by counting the percentage of phase-separated vesicles at several temperatures and fitting to a sigmoidal curve. C, bile acid treatment dramatically increased Tmisc, with DCA more effective than CA. Effect of higher BA
concentrations could not be evaluated because of GPMV dissolution. D, bile acid-mediated stabilization of phase separation was observed regardless
of whether GPMVs were isolated using PFA/DTT (PD) or NEM. E, the domain-stabilizing effect of bile acids was observable (although somewhat
attenuated compared with treatment of isolated membranes) by pretreating cells with BAs prior to GPMV isolation. Data in B--D are average ⫾ S.D. (error
bars) from three independent experiments.

Bile Acids Stabilize Membrane Domains

are shown in Fig. 4, C and D). Large unilamellar vesicles (LUVs)
with intermediate order (POPC:cholesterol at 1:1) had an intermediate response between the disordered and ordered vesicles
(Fig. 4, C and D). Thus, DCA preferentially interacts with disordered membranes and makes them more disordered.
This conclusion was confirmed in biological membranes by
assaying phase-separated GPMVs. The preference of bile acid
for disordered versus ordered domains was fluorescently evaluated by incubating GPMVs prelabeled with the disorderedphase marker rhodamine-DOPE (Fig. 4E, red) with a fluorescent analog of bile acid (NBD-lithocholic acid; Fig. 4E, green).
The bile acid clearly bound to the domain enriched in rhodamine-DOPE, thus confirming preferences for the more disordered/nonraft (Fig. 4E). We measured the result of this binding
by microscopically quantifying the order of the coexisting
membrane domains using Laurdan microscopy. Generalized
polarization, a relative measure of membrane order, is shown
color-coded in Fig. 4F (cooler colors indicative of lower GP and
thus more disorder) and quantified in Fig. 4G. Coexisting
domains of high and low order were observed (Fig. 4F), as
expected (27, 51). DCA treatment reduced the order of the relatively disordered (i.e. nonraft) phase while having only a small
effect (Fig. 4G) on the ordered, raft domain.
Bile Acid Changes Ras Nanoclustering on the Plasma Membrane and Affects MAPK Signal Transduction—To investigate
the impact of domain stabilization in isolated plasma membranes (Fig. 2) on lateral membrane organization in live cells,
we examined the effect of DCA on the integrity and functionality of nanodomains in intact cell plasma membranes using
electron microscopy, FLIM-FRET, and Western blotting (Figs.
5 and 6).
Plasma membrane sheets were prepared and imaged by electron microscopy as described previously (36, 37). Briefly, cells
were transfected with GFP-tK/GFP-tH, the GFP-tagged membrane-anchoring domain of K-Ras/H-Ras that have been established as probes for nonraft/raft nanodomains, respectively (36,
37). Plasma membrane sheets were then removed from cells by
adsorption to an EM grid and labeled with an anti-GFP antibody coupled to 4.5-nm gold particles, whose distribution was
DECEMBER 13, 2013 • VOLUME 288 • NUMBER 50

quantified by Ripley’s K-function. This function quantifies the
average spatial distribution of gold particles compared with the
expected density for a random distribution and reports relative
clustering, L(r) ⫺ r, as a function of the cluster radius r, with
L(r) ⫺ r greater than unity as evidence of statistically significant, nonrandom clustering. Treatment with DCA markedly
and dose-dependently increased GFP-tK clustering (Fig. 5A),
in full agreement with the stabilization of nonraft domains in
GPMVs (Fig. 4). Bile acid had little effect on the raft domains in
GPMVs (Fig. 4, E–G), which was corroborated by the lack of
significant effect of DCA on the clustering of GFP-tH (Fig. 5B).
We confirmed these electron microscopic observations of
nanodomains in intact cells using FLIM-FRET (Fig. 5, C–E). In
these experiments, reduction in the fluorescence lifetime of
GFP in the presence of a FRET acceptor (here, RFP) provides
evidence of intermolecular FRET and therefore protein proximity/clustering (cooler colors in Fig. 5C and arrow in Fig. 5D).
The fluorescence lifetime of GFP was ⬃2.3 ns in BHK cells
expressing GFP-tK alone and was decreased to ⬃2 ns in cells
expressing both GFP-tK and RFP-tK as a result of energy transfer from GFP to RFP (Fig. 5, C and D). DCA led a concentrationdependent decrease in the lifetime of GFP-tK, indicative of
more efficient energy transfer due to enhanced tK clustering
(Fig. 5D). DCA had the same effect on the organization of fulllength, constitutively GTP-bound, oncogenic K-Ras.G12V (Fig.
5D). These observations confirm that DCA-mediated reorganization of the plasma membrane affects the distribution of the
nonraft marker, tK, as well as the oncogene K-Ras. Finally,
consistent with liposome, GPMV, and EM data, DCA did not
have a discernable effect on FRET in cells expressing GFPtH/RFP-tH nor those expressing full-length versions of
H-Ras.G12V (Fig. 5E).
To test the functional consequences of bile acid-induced
reorganization of the plasma membrane, we examined effects
of DCA on the Ras-mediated activation of the MAPK signaling
cascade initiated by EGF stimulation (Fig. 6). DCA potentiated
the activation (phosphorylation) of MEK, ERK, and Akt stimulated by nonsaturating doses (2.5 ng/ml) of EGF (Fig. 6). Interestingly, DCA potentiation of pMEK and pERK was much more
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FIGURE 3. Stabilized phase separation does not affect protein partitioning. A, exemplary images of phase partitioning of a model transmembrane protein
(trLAT) in untreated and 0.5 mM DCA-treated GPMVs. Red images show the localization of trLAT, which is approximately equal in both phases, relative to the
fluorescent nonraft marker FAST DiO (green). B, partitioning quantified by Kp,raft (the ratio of fluorescent intensity in the raft divided by nonraft phase) was
slightly, but not significantly, reduced by DCA for trLAT, a peripheral raft phase protein (GPI-anchored GFP), and an integral nonraft protein (TfR-GFP). Inset,
Kp,raft of trLAT was not significantly different in control versus DCA-treated GPMVs isolated with either PFA/DTT or NEM. The higher raft phase partitioning in
NEM GPMVs was expected (28). Data are mean ⫾ S.D. (error bars) from 10 –20 vesicles/condition, representative of three independent experiments.

Bile Acids Stabilize Membrane Domains
pronounced than pAkt. As K-Ras mainly regulates MEK and
ERK phosphorylation whereas H-Ras more preferentially controls Akt phosphorylation (54, 55), our signaling data are fully
consistent with stabilization of nonraft, K-Ras-enriched lateral
membrane domains and confirm that bile acid-mediated perturbation of lateral membrane structure can lead to reorganization of membrane proteins and thereby affect the efficiency
of signal transduction.
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a.u., arbitrary units. E, a fluorescent analog of bile acid (NBD-lithocholic acid)
preferentially binds to the disordered (nonraft) domain in phase separated
GPMVs, evidenced by co-partitioning between the nonraft marker rhodamine-DOPE and the bile acid derivative. F and G, treatment of isolated GPMVs
with 0.2 mM DCA leads to further disordering of the disordered domains,
without a notable effect on raft phase order (mean ⫾ S.D. (error bars) of 5–9
vesicles/condition). The greater difference between the coexisting domains
(⌬GP ⫽ 0.23 ⫾ 0.02 in DCA-treated compared with 0.14 ⫾ 0.04 in untreated)
is likely responsible to the DCA-enhanced stability of phase separation.
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FIGURE 4. Stabilization of domain separation by bile acid-induced disordering of the nonraft phase. A, DCA induces a progressive, concentrationdependent decrease in membrane order of DOPC:cholesterol (Chol) (1:1) synthetic liposomes, as evidenced by the red shift of normalized fluorescence
emission of the order-sensitive fluorophore C-Laurdan. Higher DCA concentrations are possible without complete membrane dissolution in this context
because of high lipid concentration (⬃1 mM) relative to GPMV suspensions. B,
generalized polarization (GP) of C-Laurdan calculated from the data in A
shows the quantitative trend of membrane disordering. C and D, disordering
effect of DCA is much more pronounced in liquid-disordered phase membranes (DOPC:Chol, 1:1) than liquid-ordered phase (DPPC:Chol, 1:1), with an
intermediate effect on an intermediate order membrane (POPC:Chol, 1:1);

DISCUSSION
Our study systematically examined the ability of bile acids to
influence lateral heterogeneity in synthetic phospholipid bilayers, isolated cell plasma membranes, and intact cells. Consistent with their well established detergent effects, cholic and
deoxycholic acids near their cmc were cytotoxic (Fig. 1A) and
efficiently disrupted synthetic membranes (Fig. 1B), suggesting
a mechanistic connection. However, these synthetic liposomes
are limited models for live cell membranes, most importantly
because they lack cholesterol and integral membrane proteins,
which make up a major fraction of surface area in biological
membranes and contribute dramatically to their stabilities (56).
However, the quantitative agreement between the onset concentration of both maximal cell injury (Fig. 1A) and disruption
of isolated plasma membranes (Fig. 1C) for both bile acid treatments strongly implicates plasma membrane disruption as the
mechanism of cell toxicity induced by near-cmc concentrations
of BAs.
Lower doses of BAs stabilized domain formation in plasma
membranes, isolated as GPMVs. Phase separation in GPMVs
can be visualized by the inclusion of fluorescent dyes and/or
proteins in the plasma membrane of live cells prior to vesicle
isolation (21, 29, 50), providing strong evidence that intact, biological membranes have the capacity for the lipid-driven
domain formation that is the central tenet of the lipid raft
hypothesis (57, 58). The temperature at which separation into
raft and nonraft phases can be observed varies between cell
types (30) and has been shown to be sensitive to receptor-ligand
binding (30) and manipulation of membrane lipid (20) and protein (27) composition. Surprisingly, the magnitude of the stabilizing effect of BAs was much larger than that induced by lipid
cross-linking by cholera toxin B (4 –5 °C (30)) or cholesterol
depletion/loading (up to 7 °C (20)).
GPMVs have proven a particularly useful system for studying
protein partitioning between coexisting raft and nonraft phases
(28 –30). Stabilization of phase separation in GPMVs did not
have a strong effect on domain preference of three different
proteins, chosen to represent the full range of raft affinity, from
highly raft preferring (GPI-GFP) to completely raft-excluded
(TfR-GFP) (Fig. 3). Besides being a somewhat surprising result,
this observation may prove useful for observing and measuring
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FIGURE 5. Bile acid specifically enhances the formation of nanoclusters of GFP-tK and full-length K-Ras. A, plasma membrane sheets from cells expressing
GFP-tK, the GFP-tagged membrane-anchoring domain of K-Ras, were attached to EM grids and labeled with anti-GFP. Nanoclustering evaluated by EM (see
“Experimental Procedures” for details of data analysis) was significantly increased in cells exposed to DCA compared with untreated controls (p ⫽ 0.001 for both
50 M and 150 M DCA). B, DCA at 150 M did not have a statistically significant effect on nanoclustering of GFP-tH. C, representative FLIM data show fixed BHK
cells expressing GFP-tK alone, or in combination with RFP-tK either untreated, treated with 50 M, or 200 M DCA. Images reveal a reduction of GFP lifetime with
RFP coexpression due to FRET in nanoclusters and an enhancement of FRET (nanoclustering) by DCA. D, quantification of FLIM imaging reveals that DCA doses
ⱖ50 M significantly increased FRET (*, p ⬍ 0.05 compared with 0 M DCA) indicative of enhanced nanoclustering of both the minimal anchor tK and the
oncogenic full-length protein K-Ras.G12V. E, the clustering of tH and full-length H-Ras.G12V was not significantly affected by DCA treatment (ns; p ⬎ 0.1
compared with 0 M DCA). All data are shown as mean ⫾ S.E. (error bars) of at least ⱖ60 cells representative of three independent experiments.

partitioning of proteins without the requirement of lowering
the temperature to image phase separation. It is important to
note that this was not an exhaustive study of protein partitioning, and other proteins may be affected by membrane
perturbations.
DECEMBER 13, 2013 • VOLUME 288 • NUMBER 50

We identified the mechanism behind BA-mediated domain
stabilization by assaying changes in the order of coexisting
membrane domains. Fully consistent with recent fluorescence
microscopy and spectroscopy observations (59), BAs were
enriched in nonraft domains and decreased their relative order
JOURNAL OF BIOLOGICAL CHEMISTRY
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(Fig. 4). We interpret these findings to suggest that BAs preferentially intercalate into the disordered/nonraft domains of
membranes containing coexisting liquid phases, and that by
doing so, they further disorder those domains relative to the
more ordered ones. This disorder might be caused by BAs physically intercalating into and disrupting the packing of the disordered phase (59) or by selectively extracting lipids from the
disordered phase (60). In either case, the result is a less packed
disordered phase (Fig. 4E), enhanced immiscibility between the
phases and stabilized phase separation (27). The physical mechanism behind the preferential interaction of BAs with the disordered domains is unclear, but is unlikely to be dependent on
lipid headgroups, as the synthetic membrane experiments in
Fig. 4 all had mixtures of PC and cholesterol.
This stabilization of domain separation in biological membranes was transduced to cellular signals by enhanced lateral
segregation of the small GTPase K-Ras (Fig. 5). Nanoclustering
of the nonraft partitioning lipid anchored protein K-Ras was
specifically enhanced by BA treatments. Because Ras nanoclusters are the sole sites of effector binding and signal propagation
(33, 37, 38, 61), the hypothesis was that DCA stabilization of
nonraft nanodomains and resulting enhancement of K-Ras
nanoclustering would enhance the K-Ras-regulated mitogenic
signaling cascade. Indeed, BAs potentiated the K-Ras-dependent MAPK signaling cascade downstream of EGF stimulation
(Fig. 6).
These results verify the relationship between phase separation in isolated GPMVs, lateral organization in intact cell membranes, and the functional consequence thereof. Additionally,
our results suggest a mechanism of bile acid signaling that is
alternative, and potentially complementary, to the well charac-

35668 JOURNAL OF BIOLOGICAL CHEMISTRY

terized nuclear receptor pathways (62): bile acids intercalate
into cell plasma membranes and alter plasma membrane proteolipid domains, leading to modulation of protein-protein
interactions and consequent signal propagation. More generally, these observations suggest that lateral membrane organization is a key regulator of cell signaling, and can be modulated
by biological amphiphiles.
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